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ABSTRACT
Microtubules are very dynamic polymers whose assembly and disassembly is determined by whether their
heterodimeric tubulin subunits are in a straight or curved conformation. Curvature is introduced by bending
at the interfaces between monomers. Assembly and disassembly are primarily controlled by the hydrolysis
of GTP in a site that is completed by the association of two heterodimers. However, a multitude of associated proteins are able to ﬁnetune these dynamics so that microtubules are assembled and disassembled where
and when they are required by the cell. We review the recent progress that has been made in obtaining a
glimpse of the structural interactions involved.
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I. INTRODUCTION
When microtubules were visualised by electron microscopy, after the improvement of methods of ﬁxation,
it was realised that they formed the structural basis of ﬂagellar axonemes and of so-called spindle ﬁbres, as
well as occurring as individual ﬁlaments in the cytoplasm. Their designation as part of the ʻcytoskeletonʼ
suggested that they acted mainly as ﬁxed structural supports. Subsequent research has focussed more and
more on their dynamic behaviour and on their role as tracks for motor proteins to transport chromosomes
during cell division, for example. Microtubules are found in all eukaryotic cells and are essential for many
cellular functions, such as motility, morphogenesis, intracellular transport and cell division. It is that dynamic behaviour that allows microtubules to fulﬁl all these functions in speciﬁc places and at appropriate times
in the cell cycle.
I1. MICROTUBULE STRUCTURE
Unpolymerised tubulin exists as a tight αβ-tubulin heterodimer with binding sites for two molecules of guanosine triphosphate (GTP), one exchangeable and the other not. A microtubule is a tube constructed from
parallel linear polymers (protoﬁlaments) in which the heterodimers are assembled head to tail in a polar
fashion. This polarity is reﬂected by the distinction between the so-called plus and minus ends of protoﬁlaments. It can readily be seen by electron microscopy (EM) that each protoﬁlament consists of globular 4nm
subunits (Figs 1a & 2); however, α- and β-tubulin are so similar in structure that the two kinds of monomer
subunits cannot be distinguished, except at very high resolution. In vivo, microtubules usually have 13 protoﬁlaments, though the number may differ in particular locations. In vitro, it is possible for puriﬁed tubulin
to assemble with a range of diameters and to contain between 9 and16 protoﬁlaments (Figs 1a & 2). This
variation reveals some ﬂexibility in the bonds between adjacent heterodimers, at least in the direction running around the microtubule.
When there are 13 protoﬁlaments, they run straight, allowing microtubule-associated motor proteins, such
as dynein and kinesin (Hirokawa, 1998; Vale, 2003), to run for long distances along a microtubule without
switching lanes; the transport of vesicles and mitochondria along axons, for example, would be difﬁcult if
they needed to rotate around microtubules. If microtubules have more or fewer than 13 protoﬁlaments the
lattice must rotate slightly, so that the protoﬁlaments wind slowly around the microtubule axis (Wade et al.,
1990; Chrétien and Wade, 1991). The amount and direction of rotation is such as to allow the 2D lattice of
subunits to close up neatly into tubes with larger or smaller than the standard diameter. In vivo, the occurrence of microtubules with protoﬁlaments numbers other than 13 appears to be determined by isoforms with
speciﬁc changes in the amino acid sequences of α- and β-tubulin, as for example in the case of some specialised 15-protoﬁlament microtubules in neurons of the nematode Caenorhabditis elegans (Savage et al., 1989;
Fukushige et al., 1999). These changes presumably allow the formation of a slightly deformed lattice in
which a larger number of protoﬁlaments can still be straight.

A. Subunit Lattices

Monomers in adjacent protoﬁlaments are slightly staggered (Fig. 2) so they form a set of shallow helices.
In a 13-protoﬁlament microtubule 3 shallow helices run in parallel and each makes a complete turn over
an axial distance of 12 nm. For a smaller or larger number of protoﬁlaments there may be 2 or 4 shallow
helices. It is possible to deduce the number of protoﬁlaments and hence the number of shallow helices in a
particular microtubule in an EM image by looking at the Moiré pattern due to the superposition of the front
and back of the tube (Fig. 1a). However, the most reliable way of determining the subunit lattice of tubulin
monomers is to calculate a Fourier transform (diffraction pattern) of the image (Fig. 1b) and to analyse the
positions of the diffraction spots. The data from the Fourier transform can also be used to reconstruct a 3D
image of a helically symmetrical specimen.

B. Atomic Structure of the Protoﬁlament

The atomic structure of tubulin protoﬁlaments (Figs 3 & 4) is known from 3.5-Å resolution maps, the ﬁrst
of which came from electron crystallography of zinc-induced 2D sheets (Nogales et al., 1998a), subsequently reﬁned (Löwe et al., 2001). Recent data, including important information about conformational
change, have been obtained by X-ray crystallography (Ravelli et al., 2004). Each monomer has a pair of

FIG. 1 (a) Electron microscopy of microtubules assembled in vitro. The microtubules shown were assembled
from pure pig brain tubulin and rapidly frozen in a very
thin layer of ice. Since frozen hydrated specimens are
unstained, all the contrast comes from the difference
between protein and ice. Microtubules with different
numbers of protoﬁlaments (pf) vary in diameter. Also,
because their protoﬁlaments run at slightly different angles to the microtubule axis, the Moiré patterns created
by superposition of the front and back layers of the tubes
have different appearances. Protoﬁlaments in a 13-pf
segment of a microtubule run straight (white arrow).
White arrowheads indicate repeats in the Moiré pattern
of a 15-pf microtubule. (Image provided by J. Fan)
(b) Diffraction patterns were obtained by calculating the
2D Fourier transforms of individual microtubule images and displaying their amplitudes. For well-ordered
specimens, the patterns show a ʻlayerlineʼ of peaks at a
reciprocal height above the origin of (4nm)-1, arising
from the 4nm longitudinal spacing of the tubulin monomers. Along the equatorial line, there are peaks arising
from the ~5nm lateral separation of the protoﬁlaments
(pf). The precise pattern of peaks provides information
about how much the tubulin lattice is rotated and, hence,
about the number of protoﬁlaments.

globular domains set on either side of a central (core) helix H7. The larger globular domain, comprising
the N-terminal half of the polypeptide, has the same fold as a family of dinucleotide binding proteins with
the so-called Rossmann fold (Nogales et al., 1998b). There is a binding site for the guanosine nucleotide on
the plus end surface of this domain, where contact is made with the next subunit in the protoﬁlament. The
position of the nucleotide at the centre of the polymerization interface prevents its exchange as long as the
subunits remain assembled. The second globular domain of β-tubulin has a binding site for Taxol, which
also makes contact with the core helix, on the opposite side from its contact with the nucleotide base. The
C-terminal end of each tubulin polypeptide forms two long helices (H11 and H12) connected by a U-turn
while the ﬁnal 13 residues of α-tubulin and 9 residues of β-tubulin are too disordered in the 2D crystals
to show up as electron density but are assumed to project out into the solution. These C-terminal residues
would be suitable for isoform recognition by tubulin binding proteins, e.g. katanin. They are acidic and
negatively charged in physiological conditions.
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FIG. 2 Microtubules with varying numbers (12-16) of longitudinal protoﬁlaments (pf). When 13 protoﬁlaments make up the cylinder, they run straight, but larger or smaller numbers must wind slowly around the
axis if the monomer subunits are to line up correctly at the seam. The tilting of the subunit lattice is most
obvious in the 15- or 16-pf structure. In this lattice, 4 separate helical lines run through laterally adjacent
monomers. For 13- or 14-pf tubes, only 3 shallow helices run in parallel forming the standard ʻ3-startʼ set.
Narrower tubes have 2 shallow helices. In this drawing, monomer subunits are represented as darker and
lighter spheres to distinguish between α- and β-tubulin. The lattice of subunits, known as the B-lattice, is
one in which all or most lateral interactions are α-α or β-β. Perfect helical symmetry (with all lateral interactions alike) is possible for B-lattice microtubules with some pf numbers, such as 12, 15 or 16, but a standard
13-pf microtubule can only close with a seam where each α-tubulin monomer makes lateral contact with a
β-tubulin subunit. The so-called A-lattice is one in which all lateral contacts would be like this (Amos and
Klug, 1974). Most microtubules assembled in vitro from pure tubulin have a B-lattice. Because of their instability during isolation, the lattices of truly native microtubules are difﬁcult to investigate.

C. Atomic structure of a microtubule

Several long coils loop out from the globular domains. Some are involved in lateral contacts between the
protoﬁlaments in a microtubule. A number of groups have docked protoﬁlaments from the zinc-sheet structure solved by electron crystallography to near-atomic resolution (Löwe et al., 2001) into lower-resolution
helical microtubule maps imaged by electron cryo-microscopy (Nogales et al., 1999; Amos, 2000; MeurerGrob et al., 2001; Li et al., 2002). There is general agreement that the ʻM-loopsʼ of one protoﬁlament make
contact with the GTPase domains of the next one, in the region between helix H3 and the β-sheet (Fig.3).
Although the zinc-sheet structure ﬁts into the low resolution envelopes, there are structural differences
between tubulin in zinc-sheets and microtubules. It was found that protoﬁlaments in zinc-induced sheets are
rotated around their axes by about 20° compared with protoﬁlaments in a normal sheet or opened-out microtubule. As a result, the M-loops make different contacts with the adjacent protoﬁlament, covering part of
the surface that corresponds to the outside of a microtubule. Kinesin is, therefore, unable to bind to tubulin
in these sheets. The 0.8nm resolution microtubule map of Li et al. (2002) shows that the M-loop also is in a
slightly different conformation in a microtubule compared with a zinc-induced sheet.
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FIG.3 Ribbon diagram of an αβ-tubulin heterodimer.
The structure solved by electron crystallography using sheets of bovine brain tubulin in complex with Taxol
(Nogales et al., 1998a; Löwe et al., 2001) is shown in an orientation corresponding to the inside view of a
microtubule. The GTPase domains are coloured pink and the activation domains blue. The core helix that
connects the two globular domains in each monomer is coloured yellow and the C-terminal domain on the
external surface is green. GTP is sandwiched between the α- and β-tubulin subunits of each heterodimer,
being bound to α-tubulin by loops T1-T6 and also makes contact with loop T7 of β-tubulin. The nucleotide
bound to β-tubulin has been hydrolysed to GDP through contact with helix H8 and loop T7 of the activation
domain of another α-tubulin subunit. Taxol sits in the pocket of β-tubulin on the inside face of microtubules.
In α-tubulin, this pocket is occupied by the extended L-loop (prepared using Molscript; Kraulis, 1991).
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FIG. 4 Atomic models of tubulin in straight and curved conformations.
Ribbon diagrams similar to that in Figure 3, with the same colour scheme. (a,b) Outside and side views of
the straight heterodimer (Löwe et al., 2001). (c) Crystal structure of the tubulin-stathmin complex (Ravelli et
al., 2004). Stathmin, shown in grey, induces curvature of two tubulin heterodimers. Its N-terminal domain
caps one end binding to an α-tubulin subunit. The depolymerising drugs colchicine (CH) and podophyllotoxin (POD) bind to similar sites on β-tubulin. Pironetin binds to a lysine (K352) on α-tubulin (Usui et al.,
2004). Vinblastine (VB), with which pironetin competes, binds to the GTPase domain of β-tubulin, to loop
T5 or the loop between H6 and H7 (residues 177-215, Rai and Wolff, 1996). The curvature of the Stathmin
helix indicates the degree of the curvature of this complex (~12º/monomer) (prepared using Molscript; Kraulis, 1991).

When building these docking models, it was already known that the plus end of each protoﬁlament ends with
a β-tubulin subunit (Mitchison, 1993; Fan et al., 1996). The orientation of low resolution microtubule maps
was also known, from experiments in which sheets growing from the ends of axoneme fragments had been
decorated with kinesin motor domains (Hirose et al, 1995a,b). The latter bind stoichiometrically, one motor
domain per tubulin heterodimer, and the shape of this complex is sufﬁciently asymmetric to deﬁne which of
the two tubulin subunits is α and which is β (Fig. 5a). The orientation of tubulin heterodimers was conﬁrmed
by the docking exercises, which also conﬁrmed that the surface consisting of a longitudinal ridge lies on the
outside of a microtubule, while the surface exhibiting lateral ridges and containing the Taxol binding site is
on the inside (Nogales et al., 1999). The longitudinal ridges seen in 3D EM images correspond to the green
helices shown in Figs 3 & 4.
D. GTP-binding sites
GTP is in direct contact with loops T1 to T6 of the GTPase domain. During assembly into protoﬁlaments
loop T7 and helix H8, in the activation domain of the next subunit, are brought close to the phosphates of
the nucleotide and promote hydrolysis to guanosine diphosphate (GDP) (Nogales et al., 1998b). The idea
that the smaller globular domain of tubulin or of FtsZ, the bacterial monomeric homologue of tubulin, acts
as a GAP (GTP hydrolysis-activating protein) (Erickson, 1998) to the GTPase domain has been conﬁrmed
experimentally by mutagenesis of FtsZ (Mukherjee et al., 2001; Scheffers et al., 2002). The protoﬁlaments
of both tubulin and FtsZ thus consist of alternating GTPase domains and activation domains (Figs 3 & 4)
(Oliva et al., 2004). After assembly, and hydrolysis, the position of the nucleotide at the centre of the interface prevents its exchange from β-tubulin until the subunit disassembles. GTP bound to α-tubulin is nonexchangeable, being permanently trapped between the 2 monomers of the heterodimer, and is never hydrolysed. β-tubulin has lysine at the lower end of helix H8, in place of glutamic acid (as in α-tubulin E254) or
aspartic acid (as in FtsZ), which would be needed for hydrolysis (Nogales et al., 1998b). Because GTP is
never hydrolysed in α-tubulin, this interface remains tightly bound when the heterodimer becomes soluble.
As ﬁrst noted by Nogales et al. (1998a, 1999), the other signiﬁcant difference between α- and β-tubulin is
found in the loop L in the activation domain. α-tubulin has a longer L-loop occupying a pocket that provides
a binding site in β-tubulin for Taxol and other drugs. This pocket is located on the inner surface of microtubules but, in a-tubulin, it is closed by the conserved sequence TVVPGGDL of the extended L-loop. Therefore, each αβ-tubulin heterodimer has one non-exchangeable GTP site and one open Taxol-binding pocket.
Loops T1 to T7 surrounding the nucleotide are regions of highest sequence homology between tubulin and
FtsZ, the bacterial homologue of tubulin (Löwe and Amos, 1998; Nogales et al., 1998b). The high afﬁnity
of this site for nucleotide was demonstrated by a remarkable experiment with FtsZ (Andreu et al., 2002).
Unlike tubulin, which is very unstable and loses all activity, the FtsZ of Methanococcus jannaschii could be
refolded after being unfolded with guanidinium hydrochloride. Nucleotide was released during unfolding
of the protein but as much as 80% rebound when the denaturant was diluted 50-fold in fresh buffer and the
FtsZ refolded.

E. Effect of GTP hydrolysis on tubulin structure

When a microtubule disassembles, after GTP hydrolysis, its protoﬁlaments roll up to form rings or pieces of
a ring (Watts et al., 2002; Nogales et al., 2003). This is because GTP hydrolysis promotes bends in protoﬁlaments. However, while GDP-bound protoﬁlaments are still associated together as a microtubule or 2D sheet,
the contacts between neighbouring subunits constrain them to remain in a straight form. The resulting tension is proposed to store conformational energy that is released during depolymerisation. Thus, the structure
solved by Nogales and colleagues corresponds to the “strained” straight state. In microtubules, nucleotide
hydrolysis produces a small conformational change that shows up as a 2–4% reduction in the length of the
tubulin dimer. This was discovered by comparing microtubules assembled with GTP with those assembled
with GMPCPP (guanylyl-(α,β)-methylene-diphosphonate) (Hyman et al., 1995). While the microtubules
hydrolyse GTP quickly and thus have GDP bound to most of their β-subunits, they hydrolyse GMPCPP very
slowly and the microtubules can be seen in a GTP-like state. The difference in longitudinal spacing can be
measured in diffraction patterns (Fig. 1b). Microtubules assembled with GMPCPP are relatively stable. The
nucleotide-dependent change in spacing is indicative of a conformational change that puts the protoﬁlaments
into the straight, but strained, condition responsible for the dynamic instability of microtubules. The change

in subunit length presumably involves movement of some of the loops that are involved in longitudinal
bonds. Also, the core helix H7 (connected at one end to loop T7, and at the other end to the loop N, which
is involved in both longitudinal and lateral inter-subunit contacts) may also shift, tilt or even shorten. Such a
change might explain how hydrolysis of the nucleotide bound to β-tubulin may lead to changes in α-tubulin
as well.

F. The Curved Protoﬁlament Structure

A surprising observation is that when a protoﬁlament forms a ring, it appears to bend at all the interfaces
between monomers, both between and within heterodimers. The bending at all interfaces was ﬁrst seen by
electron microscopy (Watts et al., 2002; Nogales et al., 2003) and has been conﬁrmed in cocrystals of tubulin and the tubulin-sequestering protein stathmin (Gigant et al., 2000; Ravelli et al., 2004). It is unexpected
because there is still GTP bound in the intra-dimer interface, so there is no nucleotide hydrolysis driving a
conformational change here. The bending occurs even in the absence of destabilising agents such as stathmin or drugs such as colchicine. The core helix is a likely means of communication from the top to the
bottom of the β-subunit. This cooperative mechanism is presumably advantageous during the rapid disassembly phase of microtubule dynamics. It remains to be seen how communication along the protoﬁlaments
axis is actually achieved. As well as the observed variation in the number of protoﬁlaments in microtubules,
and hence variations in their curvature, whole microtubules can bend and twist without snapping or coming
under great elastic strain. This is apparent from images of ﬂuorescently labelled microtubules growing and
shrinking in living cells (e.g. Rodionov et al., 1999). When a microtubule bends, individual protoﬁlaments
are bent in a variety of directions. It is likely, therefore, that there are multiple ʻbentʼ states for dimers and
protoﬁlaments and there is no certainty that the curved conformations induced by different agents of disassembly are identical.
III. DYNAMIC INSTABILITY
Microtubules, especially those that make up the mitotic spindle, are in a delicate state of balance between
assembly and disassembly. This is because both the formation of the spindle and the movement of chromosomes to opposite spindle poles depend on carefully coordinated extension or shrinkage at both ends of the
microtubules in the spindle. The end of a microtubule that terminates with β-tubulin is more dynamic than
the other end, which has an α-tubulin monomer as its ﬁnal subunit. In cells, microtubules usually grow out
from some sort of organising centre from which the more dynamic end, known as the plus end, is able to
grow and shrink, while the minus end may not be able to change. If both ends are free, as in vitro, assembly
and disassembly can occur from either end, though at different rates. Microtubules can continue to grow as
long as the free tubulin concentration is above a critical level. The critical concentration at a minus end is
somewhat higher than at a plus end and thus minus ends tend to stop growing ﬁrst.

A. Dynamic behaviour and GTP hydrolysis

Even when the tubulin concentration is above the critical level, however, it is observed that any microtubule
end may suddenly stop growing and begin to shrink rapidly. The switch is a stochastic process; individual
plus ends shrink rapidly while others are still growing (see Desai and Mitchison, 1997). The change from
growth to shrinkage has been termed a ʻcatastropheʼ. After a while, a microtubule end shrinking in vivo may
ʻpauseʼ in a state intermediate between the growing and shrinking states, though this does not occur in the
case of microtubules assembled in vitro from pure tubulin. In either situation, a microtubule that has shrunk
may begin to grow again; the latter process is known as a ʻrescueʼ. Microtubules tend to disassemble when
cells are cooled below their normal temperature and reassemble when they are rewarmed but they show
dynamic instability even under constant warm conditions.
The hydrolysis rate of GTP by unpolymerized tubulin dimer is very low (0.054 min-1 at most; David-Pfeuty
et al., 1979; Erickson, 1995) but it dramatically increases during the polymerization into microtubules (21
min-1; Melki et al., 1996). The GTP bound to α-tubulin is non-exchangeable, being trapped between the 2
monomers of the heterodimer (the so-called N-site), and is apparently never hydrolysed. However, when
heterodimers associate to form protoﬁlaments, GTP on β-tubulin is hydrolysed to GDP as a consequence of
the interaction with α-tubulin in the next dimer. It is not clear how soon this exchangeable GTP (on the socalled E-site) is hydrolysed after the addition of a new dimer to the plus end but it may be very quick.

The ʻcapʼ of dimers containing GTP on a microtubule end may be as little as one subunit deep (Walker et al.,
1991). Unpolymerised tubulin dimer with GDP bound has a curved conformation. Double rings of 12-16
GDP-bound dimers have an average bend per monomer of 11°-15º. However, the GDP protoﬁlament structure that exists throughout most of the microtubule is constrained to form straight protoﬁlaments by contacts
between neighbouring subunits in the lattice, which has been proposed to store conformational energy and to
release it during depolymerisation.
Assembly of microtubules appears to take place mainly through addition of individual heterodimers to the
ends of protoﬁlaments. During rapid assembly at the plus end, there is usually a group of protoﬁlaments
in part of the microtubule wall that takes the lead (Chrétien et al., 1995) and may extend as a narrow sheet
for some distance beyond the end of the closed tube. Such sheets have not been seen at minus ends, where
growth is more even. Disassembly at either end appears to be a cooperative process, since the ends of disassembling microtubules have been seen splaying apart and bending outwards into a curved conformation. In
some circumstances, long segments of protoﬁlaments are shed as spirals and 30–40-nm diameter rings can
form. It has been postulated that catastrophes, pauses and rescues at the plus end are caused by random loss
or restoration of the GTP tubulin cap. This would happen by hydrolysis of the nucleotide or attachment of
fresh GTP-bound tubulin heterodimers, respectively. Thus, the stochastic events responsible for changes in
behaviour may be spontaneous conformational changes that are propagated along either individual protoﬁlaments or small groups of protoﬁlaments. The bending of protoﬁlaments during disassembly is a manifestation of a cooperative change.

B. Effects of Assembly-Inhibiting Drugs

The role of microtubules in the process of segregating duplicated chromosomes before cell division makes
them an important target for antimitotic drugs. A variety of drugs are known to inhibit microtubule assembly and thereby stall cells in mitosis, when microtubules are most dynamic and least stable. It seems likely
that most of these compounds, if not all of them, favour the curved conformation of tubulin. The crystal
structure of tubulin in complex with stathmin and colchicine (Gigant et al., 2000; Ravelli et al., 2004) conﬁrmed earlier indications that colchicine binds to β-tubulin near to the interface between monomers (Fig.4).
Podophyllotoxin was seen to bind to a similar site. This binding location necessarily requires a distortion
within the dimer structure that would inhibit its polymerization into straight protoﬁlaments. In contrast,
vinblastine and pironetin bind to regions that form contacts between dimers. For vinblastine, which can
turn protoﬁlaments into fairly tightly wound helices, cross-linking experiments identiﬁed a binding region
somewhere on residues 175–213 of β-tubulin (Rai and Wolff, 1996). This peptide includes regions that are
involved in longitudinal polymerisation contacts between dimers (Fig. 4).
A surprising feature of a recently discovered compound called pironetin is that its binding to a-tubulin inhibits the binding of vinblastine to β-tubulin (Kondoh et al., 1999; Usui et al., 2004). Such competition suggests
that the two drugs occupy overlapping sites in the interface between tubulin heterodimers, where they must
each bind without actually disassembling the protoﬁlaments. In contrast, colchicine binds more readily to
the intra-dimer site if either vinblastine or pironetin is already bound to the inter-dimer interface. The binding of either drug apparently forces protoﬁlaments to be curved, with the intra-dimer interfaces partially
opened-up. Another microtubule disassembler, cryptophycin-1, induces the formation of 24nm diameter
rings, each containing eight tubulin dimers (Watts et al., 2002). Digitally processed EM images of these
rings showed 13° bends at intra-dimer contacts and 32° bends at inter-dimer contacts. Although the drug
binds only to the β-subunit, it protects both α- and β-tubulin against proteolysis by trypsin, indicating that
conformational changes were induced in speciﬁc regions of both subunits.

C. Mechanisms of Stabilization

Since the structure of Taxol has been solved to high resolution repeatedly, by X-ray crystallography and
NMR, Snyder et al. (2001) were able to correlate the electron density in the Taxol-binding pocket in the map
of tubulin sheets with all the known Taxol conformations and thus identify the one most likely to be present.
This is a T-shaped or butterﬂy-like structure, opened-up to expose a hydrophobic surface that interacts with
a hydrophobic patch on the surface of β-tubulin. A recent study of tubulin sheets complexed with epothilone
B, a compound that competes with Taxol and has similar microtubule-stabilising effects (Bollag et al., 1995;
Giannakakou et al., 2000), found it to bind in the same pocket as Taxol but it interacts with the protein

via quite different groups of atoms in the polypeptide (Nettles et al., 2004). Other stabilising drugs such as
discodermolide (ter Haar et al., 1996), eleutherobin (Long et al., 1998; Hamel et al., 1999) and the sarcodictins (Hamel et al., 1999) are structurally diverse, yet all compete with Taxol for binding to microtubules,
apparently because they bind to the same pocket on β-tubulin. It is clear that this common binding site is of
immense importance for controlling the assembly of tubulin polymers.
This pocket in β-tubulin, where microtubule-stabilising drugs from different organisms can bind, also binds
the assembly-promoting repeat motifs of tau protein (and other MAPs). It lies above the β-sheet of the
second domain and next to the core helix (Figs 3 & 4), so that anything that ﬁlls it is in contact with the core
helix and with the M-loop. When assembled in microtubules, the pocket is located on the inside face. In αtubulin, the corresponding pocket is closed by the extended L-loop. One proposed mechanism for stabilising
the assembled state is that structures that hold the M-loop in place stabilise lateral contacts between protoﬁlaments (Nogales et al., 1999; Li et al., 2002). An alternative possibility is that these structures hold the
GTPase and second domains in a relative orientation that favours the straight protoﬁlament conformation,
which would otherwise be compromised by GTP hydrolysis (Amos and Löwe, 1999). The two mechanisms
may be combined.
The effect of the GTP analogue GMPCPP (Hyman et al., 1992), which tubulin can hydrolyse only very
slowly, shows that the GTP-bound state of β-tubulin makes microtubules very stable. The conformation of
α-tubulin is permanently stable because of the non-exchangeable, non-hydrolysed GTP as well as the presence of the extended loop. It is not really clear why it is advantageous to have a permanently stable α-subunit, but it may be because it makes the properties of the two ends of a microtubule more distinct. GTP binds
on the other side of the core helix from Taxol and the contact may exert a similar inﬂuence on the relative
orientations of the GTPase domain, the core helix and the second domain. The presence of GTPʼs γ-phosphate will also have a direct effect on the interface between α- and β-tubulin, strengthening the bond between heterodimers. It is notable that Taxol stabilized microtubules are relatively ﬂexible and brittle (Dye
et al., 1993; Venier et al., 1994), suggesting that the inter-dimer bonds are not strengthened in this case.
IV. STRUCTURAL MAPs
In interphase, microtubules are stabilised by several kinds of proteins that are found all along microtubules
and are called microtubule associated proteins (MAPs). They tend to have repeating domains, which allow
each MAP molecule to associate with more than one tubulin dimer. This produces a doubly effective method
of controlling assembly, in that the conformations of several tubulin dimers may be individually stabilised
and also the subunits are crosslinked. The binding of these structural MAPs is in turn controlled by kinases
and phosphatases (Cassimeris and Spittle, 2001); during mitosis they are phosphorylated and detach from
tubulin, whose assembly and disassembly comes under the control of proteins that operate more at the ends
of microtubules. Differentiated cells, such as neurons, do not divide; however, as microtubules and MAPs
are slowly transported along axons (Baas and Buster, 2004), the MAPs may be phosphorylated in particular
places, at times when structural plasticity is required for making synapses or other contacts.

A. The Tau Family

The mammalian neuronal proteins MAP2 and tau belong to a widespread family of MAPs. MAP2 is concentrated in dendrites and the taus, a set of smaller polypeptides, are found in axons. In non-neuronal mammalian cells there is a high molecular weight protein called MAP4; in Xenopus a similar protein is called
XMAP230. Homologous proteins have also been found in invertebrates (Goedert et al., 1996; Heidary and
Fortini, 2001). All are extended molecules, lacking in detectable secondary structure and unusually heat-stable. Each consists of a microtubule-binding domain, containing from one to ﬁve copies of a semi-conserved
motif, preceded by an N-terminal ʻprojectionʼ domain that extends from the outer surface of the microtubule.
The side-to-side spacing between microtubules containing MAPs depends on the size of the projection domains, which seem to repel rather than crosslink neighbouring microtubules. They do, however, contain sites
that interact with other proteins, such as the cortical layer, including actin, on the cell membrane (see Cassimeris and Spittle, 2001, for further references). When overexpressed in vivo or added in excessive amounts
to microtubules in vitro, tau accumulates on microtubule surfaces and interferes with the movement of motor
proteins along them (Ackmann et al., 2000; Stamer et al., 2002). But at normal levels, tau and related MAPs
clearly assist motor transport by creating space around microtubules (Chen et al., 1992).

FIG. 5 3D EM shows how kinesin and tau bind to
microtubules.
(a) Reconstruction of a microtubule decorated with
kinesin heads (ochre). One kinesin head binds per
ab-tubulin heterodimer (grey) and, due to its asymmetric form, can be used to distinguish between the
subunits.
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(b) Inside view of a microtubule which was
coassembled with gold-labeled tau and decorated
with kinesin heads. The kinesin heads can be seen
on the outside through the holes between the protoﬁlaments. The labeled repeat motif of tau binds to
the inside face of microtubule. The averaged nanogold density (yellow), which is attached to a repeat
motif of tau through a linker, can only be seen near
the taxol binding site of β-tubulin, but not on the a
subunit (Kar et al., 2003a). The ribbon diagram of
the reﬁned zinc-sheet structure is also shown for
reference (see Fig. 3).
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Since Taxol and other microtubule-stabilising drugs are each found only in a speciﬁc group of organisms,
the highly conserved site on the inside surface of β-tubulin in which they sit presumably evolved to bind
some more widespread natural stabilising agents, such as the structural MAPs. There is, indeed, evidence
that at least part of the repeating motif in tau binds to a site on β-tubulin that overlaps with the Taxol-binding
site (Kar et al., 2003a). This was shown by labelling one of the motifs with a nanogold particle and localising the gold by 3D analysis of electron micrographs. The specimens were microtubules assembled with
tubulin and tau and then decorated with kinesin motor domains which, as mentioned above, bind to tubulin
dimers with a characteristic polarity and allow the distinction between α- and β-tubulin. Difference maps
between images of microtubules containing labelled and unlabelled tau gave a peak on the inside surface of
β-tubulin (Fig. 5). Supporting evidence that Taxol and discodermolide both compete with tau for overlapping binding sites came from binding assays in which pelleted microtubules contained less tau in the presence of these drugs (Kar et al., 2003a,b). Sequence comparisons suggest that the tau repeat motif binds to
β-tubulin in a similar way as the extended L-loop closes (and stabilizes) the pocket in α-tubulin. The conserved sequence (TVVPGGDL) here closely resembles the PGGG signature in the sequence THVPGGGN
from tau and in the other conserved repeats found in tau and related MAPs. These repeat motifs could be the
natural substrates to bind to the Taxol binding pocket on the inside of the microtubules. It is also possible
that successive repeat domains bind along the shallow helices of tubulin monomers and link 3 or 4 adjacent
protoﬁlaments together. This would explain rapidly growing triplets of protoﬁlaments in some conditions
when tubulin and MAPs are mixed (Mandelkow et al., 1984).
Regions of tau outside the repeat region almost certainly bind to sites on the outer surface and support the Nterminal domain that projects out. This projection domain is thought to have important roles in determining
the spacing between microtubules in axons and possibly in binding to other structures such as the axonal

membrane (Baas and Buster, 2004). The link between the N-terminal projection domain of tau on the outside of the microtubules and the repeat motifs on the inside surface could be provided by tauʼs proline-rich
ﬂanking region; it would thread through one of the holes between protoﬁlaments. A model of the arrangement of a complete tau molecule in a microtubule is shown in Figure 6a. Clearly this sort of arrangement
can only be reached by co-assembling tubulin and tau, which would happen naturally in vivo. Other models
in which tau binds only to the outer surface (e.g. Al-Bassam et al., 2002), apparently overlapping with the
kinesin binding site, are based on experiments in which preassembled microtubules were stabilised with
Taxol before the addition of tau. The difference between the two modes of binding has been nicely highlighted by a stopped-ﬂow kinetic analysis: Makrides et al. (2004) showed that labelled tau bound to preassembled microtubules exchanges freely with freshly added unlabelled protein, whereas coassembled tau is
nonexchangeably bound to the polymer.
Besides ﬁlling the pocket on β-tubulin that seems to be a primary control centre for assembly, tau and
related MAPs provide two additional forms of stabilisation. Firstly, the loops that occupy the pockets are
interconnected in the repeat domain, thus crosslinking three or four dimers, probably in adjacent protoﬁlaments (Kar et al., 2003a). Secondly, the molecules have other domains that almost certainly bind well to the
outer surface of a microtubule and probably run along a protoﬁlament covering several tubulin dimers (Kar
et al., 2003b). Fig. 6b shows the charge distribution of tau. The 3 different domains have characteristic net
charges. The negatively charged N-terminal projection domain is repelled by the outer microtubule surface,
which has the same charge. The positive proline-rich region binds well to this surface, while the less positive
repeat region could bind at the inside of the microtubules. MAPs are known to have a stiffening effect on
microtubules (Dye et al., 1993; Felgner et al., 1997). Overall, their binding should both favour the straight
heterodimer conformation and hold the protoﬁlaments together.

B. MAP1A and MAP1B

The two closely-related neuronal proteins MAP1A and MAP1B are also highly extended and apparently
unstructured in solution. Their sequences contain many short repetitive motifs, especially in the N-terminal
microtubule-binding domain where there is a predominance of basic residues, and it is likely that they bind
to the negatively charged outer surface of the microtubule, though little has been published about the structure of MAP1. The repeats bear no obvious relationship to any part of the microtubule binding domains of
tau or MAP2. In vitro, MAP1A has been shown to increase nucleation and stimulate microtubule elongation (Pedrotti and Islam, 1994) but has less power than MAP2 to stabilise the polymer (Vaillant et al., 1998).
However, MAP1B can apparently substitute for tau in vivo, since knockout mice are viable without one or
other of these proteins but die if both are missing (Takei et al., 2000).

C. STOPs

In vertebrates, resistance of microtubules to cold is largely due to their association with the class of microtubule-associated proteins known as STOPs (Stable Tubule Only Polypeptides). These are calmodulin-binding
and calmodulin-regulated proteins and their microtubule stabilising activity has been ascribed to microtubule-binding motifs that also bind calmodulin. The repeating sequence is different from that in tau and
MAP2 but includes an EGGP motif that may fold up as a sharp turn like the extended L-loop of α-tubulin. It
is, therefore, conceivable that part of each STOP repeat binds to the pocket on β-tubulin. The proteins seem
to have more speciﬁc functions in nerve cells than simply to stabilise microtubules, since STOP-null knockout mice show synaptic defects and abnormal behaviour (Bosc et al., 2003).

D. Doublecortin

Doublecortin is so-named because its mutation leads to brain developmental disorders which can include the
formation in the brain of a ʻdouble cortexʼ due to an additional band of aberrantly placed neurons. The 30kD
N-terminal domain of the protein binds to and stabilises microtubules in vitro. It enhances polymerisation
and can also bundle microtubules because the tubulin binding part of the molecule consists of a tandem repeat of ʻDCX domainsʼ that may crosslink two tubulin subunits either in the same or different microtubules
(Fig. 6c). Another protein, LIS1, appears to have a similar function in the brain but targets microtubule ends
rather than binding all along their length (Tanaka et al., 2004). The structure of the N-terminal DCX domains has been solved to high resolution by NMR and X-ray crystallography (Fig. 7a). The domains have

FIG. 6 Model of tau molecules and
DCX domains interacting with a microtubule.
(a) Diagram of a microtubule with the
inside surface exposed. The acidic
C-terminal segment of each tubulin
tubulin
monomer projects from the outer surface
C-termini
(short black stubs). The longer projections represent the N-terminal domains
kinesin
of tau molecules whose C-terminal segments, including the repeat motifs, bind
heads
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past the tau projections without difﬁdomains
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making doublecortin the only MAP, apart from tau and MAP2c
Its sequence consists of 3 or 4 semi-con(Al-Bassam et al., 2002; Kar et al., 2003a), to have been studied served repeats with motifs similar to the
so far by 3D analysis of EM images.
extended loop in α-tubulin (Kar et al.,
When microtubules were decorated with molecules consisting
2003a). Each motif binds to β-tubulin in
of tandem domains, single globular domains were seen binding
the pocket that corresponds to the exin the longitudinal groove between protoﬁlaments, at intervals
tended loop in α-tubulin i.e. where Taxol
of 8nm, i. e. the spacing of αβ-heterodimers (see Fig. 6a). The
has been seen to bind.
most signiﬁcant observation from the EM analysis was that the
(c) Scheme for the doublecortin molmolecules selectively bound to and stabilised 13-protoﬁlament
ecule. The N-terminal DCX domain
microtubules, presumably because each domain binds in a ster(N-DC) binds only to microtubules. Its
eospeciﬁc way to two protoﬁlaments. This result shows, for the
structure is shown in Fig. 7a. The Cﬁrst time, that a basal template is not necessary to specify 13-pro- terminal DCX domain (C-DC) binds to
toﬁlament microtubules but that their diameter can be controlled both microtubules and soluble tubulin
by proteins that bind to microtubule sides. It is not clear whether dimers.
both domains from each DCX molecule were bound identically,
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linking adjacent sites, or whether only one was bound and the other was tethered to it but was too mobile
to appear in the averaged image of many molecules. The two domains are known to have slightly different
properties: the N-terminal domain binds only to microtubules, whereas the C-terminal domain binds to both
microtubules and soluble tubulin dimers (Kim et al., 2003). The second domain might, therefore, be active
only at a microtubule end.
����������
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FIG. 7 Atomic models of MAP domains
Three globular domains all bind to microtubules but do not appear to be
homologous.
�� (a) Human doublecortin N-terminal DCX domain (PDB code 1MJD), solved
by NMR, shows a ubiquitin-like fold (Kim et al., 2003). The domain has
been docked into a 3D map of the protein bound to microtubules, as reconstructed from EM images (Moores et al., 2004). The regions marked PF are
thought to make contact with two adjacent tubulin protoﬁlaments.

(b) N-terminal CAP-Gly domain, as found in CLIPs and the dynactin heavy
chain. The structure shown is from C. elegans (PDB code 1LPL), solved by
X-ray crystallography (Li et al., 2002), and contains three β-strands.
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(c) The N-terminal domain of human EB1 (PDB code 1PA7), solved by
X-ray crystallography (Hayashi and Ikura, 2003), contains a single calponinhomology (CH) domain consisting of several α-helices. Tandem CH domains are often found in actin-binding proteins; this is the ﬁrst example of a
tubulin-binding CH domain.

V. MICROTUBULE DESTABILISERS

A. Stathmin (Op18)
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The tubulin-sequestering protein called stathmin has been crystallised with
tubulin (Gigant et al., 2000; Ravelli et al., 2004). Each molecule runs alongside a pair of tubulin heterodimers and its amino-terminal domain caps one
of the a-tubulin subunits, preventing any further interactions (Fig. 4c). In
addition to ~12∞ bends between the tubulin monomers, there are changes
within each subunit compared with the straight conformation (Fig. 4a,b),
including a relative rotation between the GTPase and activation domains.
Contacts between subunits are preserved by local movements of helices H6,
H7 and H8 and loop T5.

B. Katanin

Katanin, a member of the AAA (ATPases associated with different cellular
activities) superfamily, is a heterodimer of 60- and 80-kDa subunits. In the
�����
presence of ATP and microtubules, it forms a transient hexadimer, which can
be seen in electron micrographs. It is capable of disrupting contacts
between αβ-tubulin heterodimers in the wall of microtubules. This results in severing the microtubules into
short pieces (reviewed by Quarmby, 2000, and Vale, 2000). One important role is in preparing free lengths
of microtubule for transport along axons (Baas and Buster, 2004). Davis et al. (2002) proposed that katanin
binds preferentially to lattice defects in microtubules, e.g. where a αβ-tubulin building block is missing,
rather than to random locations. These defects do occur, at least in microtubules that are assembled in vitro,
as shown by scanning force microscopy with single-protein resolution (Schaap et al., 2004). The severing
mechanism of microtubule dynamics modulation is intriguing, and is consistent with in vivo results from
two members of the katanin family: Human spastin promotes microtubule disassembly (Errico et al., 2002)
and the MEI-1/MEI-2 complex is needed for C. elegans meiosis (Srayko et al., 2000). As MEI-1/MEI-2

interacts differently with microtubules containing different β-tubulin isoforms, it could directly regulate
meiotic spindle microtubule function. The speciﬁc binding site was mapped to the extreme C-terminus of btubulin (Lu et al., 2004). Katanin might be regulated by several mechanisms. One way would involve MAPs
interfering with kataninʼs access to the microtubule lattice (McNally et al., 2002).

C. EMAP

A 77-kDa WD repeat protein, called EMAP from sea urchins reduces the frequency of rescues by 8-fold
without producing a change in the frequency of catastrophe (Hamill et al., 1998). The mechanism for this
activity is still to be investigated. EMAP-like proteins have also been identiﬁed in starﬁsh, sanddollars, and
mammals.

D. Kinesins as Regulators

Many members of the kinesin family are involved in regulating microtubule dynamics. The Kinesin-13
(Kin-I) subfamily do not move along microtubules but instead use energy provided by ATP to depolymerise
microtubules at their ends (Walczak et al., 1996; Desai et al., 1999; Homma et al., 2003). Binding of ATP to
a Kinesin-13 motor domain attached to a tubulin heterodimer causes the latter to bend and the protoﬁlament
to roll up. The activity is catalytic since the motor domain dissociates from the bent tubulin after ATP hydrolysis. Two crystal structures of Kinesin-13 motor domains show relatively small differences from conventional kinesins (Shipley et al., 2004; Ogawa et al., 2004). The two groups agree that an extended loop L2
is of major importance. Whereas most of the loops that interact with tubulin lie on the plus-end half of the
motor domain and are thought to interact with β-tubulin, loop L2 extends towards the minus end, in a suitable position to interact with α-tubulin. When attached to microtubules, motor proteins in the strongly-binding states (with ATP or a nonhydrolysable analogue bound to the motor domain or with an empty nucleotide
binding site) both produce a small bend in the tubulin heterodimer (Figure 8; Hirose et al., 1999). If this
activity is exaggerated by more strongly binding versions of L2 and other loops, it can presumably cause depolymerisation. Ogawa et al. (2004) also found the class-speciﬁc N-terminal neck to be a long rigid helical
structure that would extend into the inter-protoﬁlament groove and thereby inhibit the motor from binding
except at the ends of microtubule. Most Kinesin-13 molecules also have an additional N-terminal domain
compared with conventional kinesin and this may also have a role in targeting microtubule ends. Even some
kinesins that act as normal motor proteins appear to be involved in controlling the length of microtubules
in cells (Hunter and Wordeman, 2000). The minus-end-directed motor Ncd has been seen to shorten microtubules in vitro (Endow et al., 1994). It is also required for efﬁcient transport of the end-controlling Msps
protein (see section VI.B) to spindle poles (Ohkura et al., 2001). Other, non-depolymerising, kinesins may
act solely by transporting other molecules to the ends of microtubules.
Several kinesin members have microtubule binding sites that are separate from the motor domain and lead
to crossbridging of microtubules. MKLP1 is an interesting example. In vitro it can bundle and slide antiparallel microtubules apart. Microtubule binding involves a highly basic N-terminal extension of the motor,
which may interact with the C-terminal acidic tail of tubulin (Mishima et al., 2004). It is thought to help
elongate the anaphase spindle by crossbridging microtubules that overlap in the midzone. However, it also
has a role in triggering cytokinesis by crossbridging astral microtubules from opposite poles (Inoue et al.,
2004)

E. MINUS

The small polypeptide MINUS is a novel type of microtubule regulator, having been proposed to act as a
nucleation suppressor (Shahani et al., 2001).
VI. PROTEINS THAT CONTROL MICROTUBULE LOCATION
Apart from the structural MAPs discussed above, there are many proteins that affect microtubule behaviour.
In cells, many factors affect plus end dynamics and also play roles in the assembly of higher order structures. Growing microtubules use dynamic instability to search with their tips for structures that are capable
of capturing them. Thus, microtubules are “guided” toward specialized membrane domains, chromosomes
and other components of the cell. A wide variety of assembly regulators and adapters that form links with
these structures are found at microtubule ends, especially the plus end. Their distributions and activities are
reviewed in detail elsewhere (Cassimeris, 1999; Cassimeris and Spittle, 2001; Schroer, 2001; Miyamoto et

FIG. 8 3D EM shows the effect of motor
binding on tubulin structure: Sections through
Kinesin
3D EM maps of microtubules decorated with
conventional kinesin (K) or ncd (N) motor domains: the sections pass through the microtu�
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bule axis (left-hand edge of each box), through
a tubulin protoﬁlament (tub) and then through
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tub K
site) appears similar for both kinesin and ncd,
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though ncd may make an additional bond to
α-tubulin via the L2 loop, which is very short
in kinesin. Strong binding of either motor
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imido]triphosphate) bound) appears to induce
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tub N
N
the same change in the tubulin dimer, as
indicated by dashed lines through the tubulin
monomers: compared with the ADP state (or
with an undecorated microtubule – not shown),
in which both monomers appear equal, the
outer tip of the β-tubulin subunit tilts closer
to that of the α-tubulin subunit (Hirose et al.,
1999).
al., 2003; Kline-Smith and Walczak, 2004). Plus-end tracking proteins (+TIPs) that actively remain at the
tips of growing microtubules are reviewed by Schyler and Pellman (2001), Galjart and Perez (2003) and
Vaughan (2004). Here, we try to summarise what is known from a structural point of view. The minus end is
less active but is also subject to stabilising and destabilising activity (Dammermann et al., 2003).

Strongly bound

Weakly bound

A. γ-Tubulin Ring Complexes

The protein complexes that make up microtubule-organizing centres usually include a third kind of tubulin
known as γ-tubulin, which binds but probably does not hydrolyse GTP. There is tentative evidence that it
may be capable of assembling into protoﬁlaments (Llanos et al., 1999; Inclán and Nogales, 2001). γ-tubulin complexes have been detected in the form of ~25-nm diameter rings in centrosomes (γ-TuRCs) (Moritz
and Agard, 2001) but cells also contain smaller γ-tubulin containing complexes (Leguy et al., 2000;Job et
al., 2003). Also present in each type of complex are various special MAPs, known as Dgrips in the case of
the Drosophila complexes that have been studied in most detail. γ-TuRCs have been proposed to provide
a basal template for the 13-protoﬁlament microtubule lattice (Moritz and Agard, 2001). In an alternative
model, based on the observation that both interfaces involved in the formation of protoﬁlaments are conserved in γ-tubulin, the ring is proposed to be a stored form of a γ-tubulin protoﬁlament that can straighten
to stabilize an αβ-tubulin microtubule lattice by lateral interactions (Erickson, 2000). It is even possible
that γ-tubulin merely serves as a seed for one αβ-tubulin protoﬁlament that initiates microtubule assembly
(Leguy et al., 2000).

B. XMAP215, ch-TOG, Msps Family

This very widespread family of proteins is important in controlling the local interactions of microtubules
with many other structures (see e.g. Ohkura et al., 2001). XMAP215 is an assembly promoter that can increase microtubule plus end growth by seven- to tenfold but also appears to stabilise minus ends. Its usual
effect is to increase the average length of microtubules (Kinoshita, 2002). According to Popov et al. (2001),
it is the N-terminal domain (residues 1-560) of XMAP215 that protects plus ends from catastrophe promoters such as the Kin I kinesin XKCM1. These workers found that the C-terminal domain (residues 11682065) also bound to tubulin, even as a separate fragment, but did not stabilise assembly. However, there
seems to be no general agreement about which parts of the molecules are important for microtubule stabili-
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FIG. 9 XMAP215/Stu2p polypeptides
(a) A plan showing the arrangement of
�domains. Xenopus XMAP215 has 5 TOG
domains, each containing up to 5 HEAT
repeats. Similar proteins are found in humans (ch-TOG), Drosophila (Msps) and C.
elegans (Zyg-9). Homologous proteins from
S. cerevisiae (Stu2p) and S. pombe (Alp14
and Dis1/Mtc1) are less than half the length
of those from higher organisms.
(b) The structure of part of a typical HEATmotif protein (Groves et al., 1999), showing
what one of the TOG repeats may look like.
If the whole molecule is long enough to
cover 7-8 tubulin dimers (Cassimeris et al.,
2001), the inter-repeats must have a more
stretched-out structure; each TOG repeat
plus an inter-repeat may bind to an 8nm
dimer.
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sation (Ohkura et al., 2001). Two hypotheses have been considered for the mechanism by which XMAP215
promotes polymerization of microtubule plus ends (Spittle et al., 2000). By oligomerising soluble tubulin
dimers, it might catalyse the addition of several dimers per association event; alternatively, it might promote
a deﬁned structure at the growing end that either adds dimers more rapidly or is less likely to go into the
paused state.
Cassimeris et al. (2001) showed that the XMAP215 molecule from Xenopus is long, thin and ﬂexible and
can bind to protoﬁlaments along their long axis; its length, 60±18nm, is sufﬁcient to span seven or eight
tubulin dimers. Incubation of XMAP215 and tubulin at 4°C resulted in the assembly of curved protoﬁlaments. A major part of the polypeptide (Fig. 9a) is made up of HEAT motifs (Huntingtin/Elongation factor
3/protein phosphatase 2A/TOR1 repeats, which are related to armadillo repeats and typically form proteinprotein interaction surfaces). The atomic structure of a series of HEAT motifs (Fig. 9b) shows a curved row
of α-helical hairpins. Proteins in the XMAP215 family may, therefore, consist of concertinas of short helices
with more extended connecting regions.
The smaller proteins Stu2p from Saccharomyces cerevisiae and Alp14 and Dis1 from Schizosaccharomyces
pombe, that are homologous to XMAP215, have fewer repeats in the N-terminal domain (Fig. 9a) and there
is no obvious sequence homology in the C-terminal domain. Another difference is that Stu2p slows polymerisation rates in vitro rather than increasing them (van Breugel et al., 2003). Stu2p depolymerised microtubules in vitro by binding directly to plus ends, hindering tubulin dimer addition and increasing catastrophe
rates. A stu2 mutant had longer microtubules than normal in interphase, which may correspond to the in
vitro conditions, whereas during mitosis microtubules were shorter than normal. XMAP215 can also have
a destabilising effect under certain conditions (Shirasu-Hiza et al., 2003). EM images of microtubules assembled in vitro with GMPCPP and incubated with XMAP215 revealed a rolled-up structure characteristic
of shrinkage. This observation suggests that XMAP215 can operate a protoﬁlament peeling mechanism,
similar to that of KinI kinesins. Shirasu-Hiza et al. proposed that the plus ends of microtubules stabilized by
GMPCPP, previously thought to resemble the GTP caps on growing microtubules, may instead mimic the
paused state. Since Chrétien et al. (1995) found that loss of the sheet-like protoﬁlament extensions of growing microtubule plus ends correlated with slower growth, it is possible that the paused state corresponds to
a blunt-ended, closed tube structure. It seems likely that XMAP215 and Stu2p both disrupt the paused state
and either increase polymerisation or cause depolymerisation, depending on conditions such as free tubulin
concentration. In vivo, their activity would vary with the cell cycle or the location within the cell.

At the start of mitosis, this family of proteins is important in organising spindle poles. In Drosophila, for example, Msps (mini-spindles) interacts via its C-terminal with D-TACC (the Drosophila ʻtransforming acidic
coiled-coil-containingʼ) protein (Lee et al., 2001). This and other members of the family interact, directly or
indirectly, with a wide variety of other proteins (Ohkura et al., 2001)

C. CLIPs/+TIPs and CLASPs

Proteins that bind speciﬁcally to microtubule plus ends have been named +TIPs (+end-tracking proteins;
Carvalho et al., 2003). They are a subset of CLIPs (cytoplasmic linker proteins), some of which appear to be
capable of binding along the length of microtubules but associate preferentially with the ends. Green ﬂuorescent protein-labelled CLIP170 association with growing tips has been observed directly (Perez et al., 1999).
Its behaviour has been explained either as surﬁng (sliding along with the growing end) or as treadmilling.
Speciﬁc binding to growing plus ends may occur because these proteins bind preferentially to narrow sheets
rather than closed microtubules; possibly part of the binding site lies on the side of a protoﬁlament or even
on the inside surface. Alternatively, they may be able to distinguish between tubulin containing GTP rather
than GDP in the exchangeable site. A ﬁnal possibility, that could include aspects of the previous two, is
that they bind to soluble tubulin, making it more likely to add to a microtubule, and then dissociate from the
polymer after the conformational change in tubulin due to GTP hydrolysis. In ﬁssion yeast, growing microtubules are stable until they reach the cell end, provided Tip1p is bound. In its absence, catastrophes are no
longer restricted to times when the microtubule ends contact the membrane at the end of the cell (Brunner
and Nurse, 2000).
The CAP-Gly motif is a conserved glycine-rich sequence of about 42 residues found in the microtubulebinding domains of the various CLIPs, in the heavy chain (P150) of the dynactin complex and in the Golgi
protein GMAP210 (Infante et al., 1999; Pernet-Gallay et al., 2002). The structure of a globular domain (Fig.
7.7b) containing this motif has been solved by X-ray crystallography (Li et al., 2002). CLIP170 (also called
restin) has two such domains near its N-terminus and binds speciﬁcally to the plus ends of growing microtubules (Perez et al.,1999). CLIP115, a neuronal CLIP, has a single CAP-Gly domain as does the P150 chain
of dynactin. The CAP-Gly domain(s) are typically followed by a stretch of sequence that is able to dimerise
in the form of a coiled-coil. Finally, a smaller globular C-terminal region of each protein is thought to be
involved in linking to membranous structures.
Orbit/MAST proteins, also known as CLASPs (CLIP-associated proteins), are involved in the regulation of
microtubule dynamics and bind to microtubule plus ends via CLIP115 or CLIP170. Active CLASP suppresses microtubule assembly and axon outgrowth (Lee et al., 2004), whereas activated APC (see below)
promotes microtubule assembly and axon outgrowth.

D. The Dynactin Complex

Dynactin is a 1200 kD protein complex that is usually found in association with the motor protein, cytoplasmic dynein, an equally large complex. Together, they are active in a wide variety of processes such as
axonal transport, organelle movement, nuclear localisation and chromosome separation (reviewed by Allan,
1996; Holleran et al., 1998). Although dynein is able to bind to membranes and membranous organelles by
itself, it apparently cannot move them for long distances along microtubules without help from dynactin
(King et al., 2003). It remains to be seen how the two complexes interact to produce movement. Dynactin
itself can bind all along microtubules but shows a preference for the ends of microtubules in cells as a result
of association with CLIP170 (Valetti et al., 1999; Vaughan et al., 2002).
The dynactin complex contains at least 10 distinct subunits (Schroer, 1996). The dominant structure seen by
EM (Schafer et al., 1994; Eckley et al., 1999) is a 37nm actin-like ﬁlament (consisting mainly of monomers
of the actin-related protein, Arp1), from which a sidearm projects (Fig. 9). A dimer of dynactin heavy chains
(P150glued) is the main component of this sidearm. Each chain has a globular CAP-Gly domain at its Nterminus, followed by a long coiled-coil segment that effects the dimerisation. Some other components of
the complex have been identiﬁed by antibody labelling (Schafer et al., 1994). A central region of P150 is
linked to the dynein intermediate chain by a protein called dynamitin (Vaughan and Vallee, 1995; Valetti et
al., 1999), which forms the stem of the dynein complex (Fig. 10a,c).
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FIG. 10 The dynactin complex and cytoplasmic dynein
(a) Model of the 3D structure of dynactin based on EM
images of shadowed molecules (redrawn from Schroer,
���������
1996). The cargo-binding domain is a short ﬁlament
assembled from Arp1 (centractin) plus some standard
actin, with capping proteins at each end. The P50 (dyna���������
mitin) component helps to link the ﬁlament to the heavy
������������� chain P150glued. Globular CAP-Gly domains (see Fig.
7b) at the end of the thin sidearm bind to tubulin.
��������
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(b) The binding regions along the dynactin heavy chain.

(c) Hypothetical model of the interaction between dynactin and cytoplasmic dynein. Both large complexes can
��������� �������
bind independently with both microtubules and cargo
�������
but also associate with each other. Each of two dynein
��������
heavy chains (dyn HC) forms a multidomain globular
head from which extends a long thin ʻstalkʼ. The stalks
of freshly isolated active dimers are closely associated
with each other (Fan and Amos, 2001). A small globular
����������������
domain at the end of each stalk has a microtubule (MT)������ binding site. Dynein intermediate chains (dyn IC) form
part of the ʻstemʼ of the molecule, used for associating
with dynactin and with cargo. What is known about the
������ atomic structures of dynein subunits has been reviewed
recently by Sakato and King (2004).
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E. EB1 and APC

EB1 (end-binding protein 1) is involved in a variety of macromolecular complexes at microtubule plus ends
including those that make contact with the cell membrane (Bu and Su, 2003). It cooperates with another plus
end protein, the tumour suppressor, adenomatous polyposis coli (APC – not to be confused with APC/C, the
anaphase-promoting complex/cyclosome, which is a ubiquitinase). Loss of this interaction, due to mutations
in APC, may lead to colon cancer. EB1 and APC both localise to kinetochores (containing plus ends) during
mitosis (Fodde et al., 2001). In centrosomes (where minus ends are located), they are assumed to be associated with the plus ends of very short, newly initiated microtubules (Rehberg and Graf, 2002).
The globular N-terminal CH domain of EB1, for which a crystal structure is known and which shows no
obvious homology to the globular CAP-Gly domain of the CLIPs (Fig. 7c), binds preferentially to the plus
ends of microtubules. The extended C-terminal domain dimerises via a stretch of coiled-coil and also binds
to APC. Thus, APC is targeted to plus ends too, where it promotes microtubule polymerisation. Neither protein alone has this effect, which is regulated by phosphorylation of APC by Cdc2, disrupting EB1 binding to
the N-terminal region of APC. This N-terminal domain forms a weakly-bonded coiled-coil dimer (Day and
Alber, 2000), while the middle of the polypeptide includes a cysteine-rich region, with armadillo repeats that
interact with β-catenin. It is not yet known how APC promotes tubulin assembly. However, the C-terminal
domain contains a microtubule-binding site with a high proportion of positively charged amino acids and
shows some sequence homology to the proline-rich region of tau (Deka et al., 1998). The EB1 binding domain is at the C-terminus of APC and includes a binding site for a PDZ protein-protein interaction domain.
PDZ domain proteins are frequently associated with the plasma membrane.
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FIG. 11 Model of EB1/APC complex
Summary of what is known about different regions of the two polypeptides EB1 and APC and their interactions. The globular N-terminal CH-domain of EB1 is shown in Fig. 7c. The complete molecule, which binds
preferentially to microtubule plus ends, dimerises via a stretch of coiled-coil. This region also binds to APC,
thus targeting APC to the plus ends, too. The shape of APC is purely hypothetical.

F. Hook Proteins

The Hook family of proteins resemble CLIPs in that they consist predominantly of coiled coil. However,
the N-terminal domains, which attach to microtubules, differ in sequence from other known microtubulebinding domains. The C-terminal domains are adapted to bind speciﬁcally to particular organelles. Hook3,
for example, appears to play a role in deﬁning the architecture and localization of the mammalian Golgi
complex (Walenta et al., 2001). This helps to explain why the integrity of the Golgi complex is completely
dependent on the presence of the microtubule network.

G. Centrosomal Coiled-Coil Proteins

Animal spindle poles usually consist of one mature and one developing centriole, supported by a meshwork
of material, whose basic components now appear to be coiled-coil proteins. The spindle poles of non-animal
cells apparently consist of similar matrices but without the centrioles. A picture is beginning to emerge of the
dynamic and complex roles of some of these matrix proteins. TACC (mentioned above as interacting with
members of the XMAP215/ch-TOG family), NuMA (nuclear and mitotic apparatus protein; Dionne et al.,
1999) and TPX2 (targeting protein for Xenopus kinesin-like protein 2 – Xklp2; Wittmann et al., 2000; Garrett et al., 2002) are all dimeric coiled-coils with a tendency to form ﬁlamentous polymers. They are found
concentrated in centrosomes where they are thought to help in organising centrosomal microtubules, including direct interaction with tubulin. When the C-terminal domain of TACC was overexpressed in cells, large
polymers that formed in the cytoplasm interacted with both tubulin and microtubules. Full-length TACC
proteins formed similar polymers but their interaction with tubulin was regulated by the cell cycle (Gergely
et al., 2000). NuMA is also known to have microtubule binding capacity near its C-terminus. NuMA and
TPX2 are sequestered in the nucleus before breakdown of the nuclear membrane but are then carried by interaction with dynein/dynactin (Gaglio et al., 1995; Merdes et al., 1996) to the poles of the developing spindle. There, TPX2 has a role of targeting Xklp2 to microtubule minus ends but in late anaphase TPX2 and
Xklp2 become relocalised from the spindle poles to the midbody (Wittmann et al., 2000). Another family of
coiled-coil proteins, that includes MAP65 in plants (Müller et al., 2004), Ase1 in budding yeast (Schuyler et
al., 2003), Mto1p in ﬁssion yeast and PRC1 in animals (Kurusawa et al., 2004), stabilise central spindle microtubules in the late stages (anaphase/telophase) of cell division. MAP65 appears to be required to maintain
the structures of phragmoplast microtubules that are involved in constructing a new cell wall between two
daughter cells.

VII. CONCLUSIONS
Protein domains that bind to tubulin and microtubules come in a variety of forms: single long a-helices
(stathmin), helical coiled-coils (APC), helical hairpins (XMAP215/ch-TOG), extended random coil (tau)
and 3 unrelated globular folds (EB1, CAP-Gly and doublecortin). Most of these have not yet been observed
by EM or X-ray crystallography when bound to tubulin but it seems likely that each type of structure binds
differently, possibly without competing with the others or with the motor proteins that move along microtubules. Some proteins, such as tau, MAP1 and MAP2 bind equally well at any position along a microtubule,
stabilising the tubulin lattice directly. This is done by a combination of crosslinking different tubulin dimers
and binding to speciﬁc sites that control either the conformation of the whole subunit or that of loops involved in binding to other subunits. The binding of DCX domains to sites in the grooves between protoﬁlaments strongly favours the formation of 13-protoﬁlament microtubules, without requiring a basal template.
The doublecortins seem to occur only in mammalian nerve cells but it seems likely that molecules which
control microtubule curvature in this way are widespread. Other proteins, such as XMAP215, CLIP170 or
EB1, control microtubule dynamics by binding to the growing or shrinking ends. At present we have a very
limited understanding of how the ends are targeted or how their dynamics are inﬂuenced but the current
research in this area is likely to produce more information soon. Growth may be stimulated by stabilising
tubulin in its straight (GTP-bound) conformation, shrinkage by promoting the curved (GDP-bound) conformation. End-binding proteins often work together to provide sophisticated control of the behaviour of the
ends.
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